High-resolution structures of soluble and membrane proteins are of utmost interest for understanding the mode of action of a protein and, when combined with other biochemical and biophysical studies, its physiological function at a molecular level. A structural insight is also the prerequisite for structure-based drug design [1] [2] [3] . Crystallography is still the most widely used method for obtaining high-resolution 3D structures of proteins. Over the past decade, tremendous efforts have been undertaken to develop new methods for automation and miniaturization, reducing the time and workload with which structures of very high quality can be obtained 4 , and achieving higher throughput in protein crystallography [5] [6] . The typical workflow in protein crystallography comprises several stages, mainly recombinant protein production, protein purification, functional and biophysical characterization of the protein, protein crystallization, diffraction-data collection, and subsequent data analysis. The development of specialized instrumentation (such as liquid-handling robots) and other tools has markedly improved and accelerated this workflow 4 . However, growing well-diffracting protein crystals is, as of today, still a time-consuming, iterative, and trial-and-error procedure. Thus, crystallization and data collection remain major bottlenecks in protein crystallography, bearing potential for optimization.
IntroDuctIon
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Conventional versus in situ data collection
In situ data collection at third-generation synchrotron sources and X-ray-free electron lasers has been a main focus of development in recent years [7] [8] [9] [10] . In comparison with conventional crystallization plates, in situ crystallization eliminates the need to harvest crystals by directly collecting diffraction images from unperturbed crystals residing in their growth environment (therefore referred to as in situ). Obviously, this avoids manual handling of crystals, which can result in damage to or loss of precious protein crystals. This is particularly important for the notoriously small membrane-protein crystals grown in highly viscous LCPs (in meso) [11] [12] [13] . Other benefits of in situ data collection are (i) rapid screening of crystallization hits from crystal optimization trials to differentiate protein from, for instance, salt or detergent crystals; (ii) rapid characterization of the impact of crystallization conditions on diffraction quality and, therefore, ranking of crystallization hits; and (iii) applicability to screening procedures such as ligand or fragment screening 14 . As a drawback, most in situ technologies are limited to measurements at room temperature.
technologies can increase throughput while significantly diminishing sample consumption, often to volumes as little as a few nanoliters per well 26 . Both technologies, however, bear challenges for growing membrane-protein crystals in viscous LCPs, and involve specialized equipment and rather sophisticated microfabrication. Commercial in situ crystallization plates (e.g., CrystalQuick X plates from Greiner Bio-One or In Situ-1 Plates from MiTeGen) can be easily used for automated high-throughput crystal screening, as they are compatible with crystallization and imaging robots. Their use for routine work, however, is restrained by their high costs, the necessity of using specific hardware (such as translational stages) for aligning crystals in the plate with the X-ray beam, the limited rotation range due to the possibility of collisions of a plate with beamline equipment around the sample position, and their incompatibility with data collection under cryogenic conditions.
In situ sandwich crystallization plates Some of the limitations mentioned above have been overcome with the development of thin glass sandwich plates for the crystallization of membrane proteins in LCPs [18] [19] 34 . For crystal imaging, glass sandwich plates bear several advantages, such as optical clarity and nonbirefringence. However, they cannot be used for in situ crystal screening and data collection, but instead require crystals to be harvested, which comprises tedious steps such as cutting the top cover glass using a glass cutter, and fishing out the usually very small and fragile protein crystals with specialized microloops 35 . Recently, modified sandwich plates for the in meso approach have been described, in which membrane-protein crystals are grown in situ in the holes (henceforth referred to as wells) of a double-sticky spacer tape between two thin, X-ray transparent plastic films made of cyclic olefin copolymer (COC) [18] [19] . As the film material is so thin, it contributes only little background scatter, and therefore allows for data collection of crystals growing in the film sandwich. For the purposes of stability, watertight sealing, and better imaging, the COC film sandwich is encased again between two glass plates that are glued together tightly, forming a double-sandwich plate. For data collection, patches of the film sandwich corresponding to one or more in situ wells that usually contain several dozens of crystals can be isolated and taken to an X-ray source. However, isolation of wells is tedious and still requires cutting the top cover glass, which leaves openings behind, resulting in increased water evaporation over time and reducing the chances of keeping crystals in other wells growing.
This setup is referred to as IMISX technology, and plates are commercially available from MiTeGen. Similar in situ doublesandwich plates were recently described for the growth of soluble protein crystals 16 .
Mylar in situ sandwich crystallization plates
To push the limits of in situ crystallography, we have developed the Mylar in situ method as an alternative to the IMISX technology. The setup includes Mylar in situ plates, as well as cognate holders 36 . Mylar in situ double-sandwich plates are based on Mylar film instead of COC (Fig. 1a,b) . Mylar is a registered trademark owned by Dupont Teijin Films, and Mylar films are plastic films made from the resin polyethylene terephthalate (PET), which can be manufactured in a variety of different combinations of types, finishes, and thicknesses. The main advantage of using Mylar is that it is considerably thinner than the films used in other similar thin-film sandwich crystallization systems, leading to reduced background scattering. Similar to COC, the thin Mylar film is not completely watertight, so that the inner film sandwich must be sandwiched again between two glass plates during crystal growth. This double sandwich is sealed from the outside using nail polish (Fig. 1c) , a sealing method commonly used in making permanent preparations in microscopy 37 . Sealing the plates from the outside allows the researcher to quickly and easily open them for the isolation of wells, and to fully reseal them for further crystal growth. Note that in our experience, the Mylar film itself, the spacers' adhesive, and the presence of nail polish did not affect crystal growth and stability, diffraction quality, or the electron density map 36 .
To enable X-ray diffraction screening of and data collection from crystals, we designed a variety of holders that can support up to 96 in situ wells of Mylar film sandwiches. These holders were designed in a 3D-modeling software, 3D-printed using a desktop 3D printer, and extensively tested at home sources and at the Advanced Photon Source (APS) synchrotron. Printer files are available as Supplementary Data 1-4 and are ready to use, as the designs have been optimized with respect to printing time, material consumption, orientation on the printer's base level, and the use of supports and rafts. Note that the Mylar in situ method is currently in the process of commercialization.
Benefits of the Mylar in situ method
The benefits of Mylar in situ sandwich crystallization plates are divided into three categories and listed below. Sealing Mylar in situ plates along the outside edge enables the user to easily and quickly (within a minute) open the plates once crystals have been grown. As many in situ wells as desired can be isolated at the same time. There is no need to use glass-cutting tools, which translates to a significantly lower risk of damaging crystals or drying them out . On top of that, patches of the inner film sandwich that are not required for immediate use can be placed back into the outer glass sandwich. Resealing the latter allows storage or further growth of crystals in other in situ wells. If desired, crystals can be harvested easily from Mylar in situ plates. Most of the equipment can be reused several times and, if broken, can be recycled.
Limitations of the Mylar in situ method
Because of its simplicity, robustness, and versatility, the Mylar in situ method is currently used regularly and with great success by our groups and those of collaborators. Particularly, the development of the tweezer holder (a 1-well G-holder; see below) has been highly welcomed by current users, as the new holder design allows quicker and easier loading of holders with individual in situ wells. Despite this significant improvement, the method still faces two challenges. First, although broad ranges of data can often be collected, a full rotation around a centered crystal is eventually hampered by the beam hitting the frame of a holder. Second, depending on the goniometer's range of movements, and the restrictions placed around it by additional hardware, it might not (yet) be possible to rotate larger screening holders beyond a certain angle, as well as to cover the full width of the largest 96-well screening holders.
Future developments
Synchrotrons are critical for making in situ protein structural studies not only successful but also easier, faster, and more routine. Automation and facilitation of structural work is driven by developments such as minibeams 15, 38 , faster detectors 39, 40 , rastering and/or vectoring data-collection software 41 , and multicrystal data-collection software 42, 43 . The Mylar in situ methods, as well as other in situ approaches, would be able to realize their full potential with the advent of further hardware and software advances such as goniometers that can undergo substantial movements along all axes, a cryo-stream that moves as synchronized to the goniometer, a hutch humidifier or environment control chamber that regulates temperature and humidity around the goniometer, software that automatically localizes crystals and collects data, and software that simultaneously with data collection of small wedges merges data sets in order to report back on the completeness of the data. Note that the three latter examples have already been implemented at some synchrotrons-at least partly. Finally, in combination with optical crystal mapping, the Mylar in situ method should be very well suited for integration with fixed-target serial crystallography at synchrotrons and XFELs.
About the success and use of the method
The purpose of this protocol is to describe the procedures of in situ crystal screening and data collection, and to provide simple and clear, step-by-step instructions for the preparation and usage of Mylar in situ plates, for 3D-printing the corresponding holders, 
Box 1 | Plates of customized size • tIMInG 15-20 min for one in situ plate
It can be helpful to work with in situ plates of fewer than 96 wells (Fig. 7) . For instance, if the diffraction quality of crystals is very sensitive to water evaporation, and thus to opening the plate (Steps 31-34) and to screening using a 96-well holder ( Step 39B(ii-viii)), crystallization can be set up (Steps 10-24), and crystals can be grown (Step 25) and optimized (Step 26) on smaller plates right from the beginning. High-salt crystallization conditions, which are intrinsically prone to the formation of salt crystals, are another scenario in which it might be convenient to work with smaller in situ plates. A third example is a situation, in which crystals are transferred en masse to in situ plates in order to either bring more crystals (not necessarily protein crystals) to an X-ray source, or to screen more crystallization conditions. As sample transfer is typically done manually (Box 3), it is advisable to make use of smaller in situ plates in order to minimize water evaporation during the transfer step itself. In situ plates of any customized size can be easily prepared as outlined below for 48-well (option A) and 24- (B) preparation of 24-well in situ plates • tIMInG 20 min for one in situ plate (i) Using a can of pressurized air, clean one side of a glass plate, and break it into two halves, as described above in option A (steps i and ii).
(ii) Repeat this step, however; now, cut one half of the original plate along line B of Stencil 1 (supplementary Manual 1). This yields four equally sized glass pieces.
(iii) Place two of the glass pieces, each in a portrait orientation, next to each other, and stick them together along the created surface using clear tape.
(iv) Place the assembly, clear-tape face down, in a landscape orientation on the work bench. Fix the right and left top edges of the plate assembly to the bench with labeling tape, making sure that the tape covers only a narrow part of the glass.
(v) Place the roll of Mylar film along the distant edge of the glass plate. The roll should be oriented such that it would roll away when the film is pulled upward. Gently pull the film over the assembly of the two glass plates, wrap it around the joined bottom edge, and secure it with a strip of clear tape at the bottom side of each glass plate.  crItIcal step To prevent the roll of Mylar from rolling away, thereby creating unwanted wrinkles in the Mylar film, place an object behind it (e.g., a pipette-tip box).
(vi) Roll half of the Mylar film up again, such that the roll of Mylar lies on top of the assembly of the two glass plates. Loosen the labeling tape, and turn the assembly of the two glass plates around in a plane. The new bottom edge should again extend from the edge of the desk. Similar to step iv, fix the right and left top edges of the plate assembly to the bench with labeling tape. Slightly stretch the Mylar film over the plate assembly, leaving an overhang of 2 cm, and cut it with a clean pair of scissors.
(vii) Place a metal ruler on the stretched Mylar film, exactly above the location in which both glass plates are in contact, and cut it gently using a razor blade. Peel back the labeling tape in order to turn the plate assembly around (bottom side up), and cut the film again until it is cut completely.  crItIcal step To avoid ripping the film, hold the razor blade perfectly perpendicular when cutting.
(viii) Remove the clear tape from step iii, and carefully turn each glass plate again (bottom side down), thereby now separating the plate assembly. For each of the two glass plates, pull the Mylar film around the bottom edge, and secure it there using clear tape.
(ix) Continue with Step 5 of the main PROCEDURE, which results in two Mylar-lined glass plates. (x) Using a pair of scissors, cut a double-sticky spacer tape into two halves. Cut a half double-sticky spacer tape into two halves again. Use one quarter piece for Steps 8 and 9 of the main PROCEDURE. A 24-well in situ plate is now ready for setting up crystallization trials (Steps 10-23), or for the transfer of crystals (Box 3).
(c) preparation of 16-well in situ plates • tIMInG 15 min for one in situ plate (i) Take one clean microscope glass slide, and place it in a landscape orientation on the work bench.
(ii) Using a pair of scissors, cut a 45-mm-long patch of Mylar film off the roll. Wrap the film around the glass slide, and secure it with clear tape at the bottom side. (iii) Repeat steps i and ii with a second microscope glass slide.
(iv) Using an X-Acto Gripster Knife and a metal ruler, cut a 96-well double-sticky spacer tape into six stretches of 2 × 8 wells. Trim the upper-left corner of one of these stretches.
(continued)
for loading crystals in wells onto holders, and for their delivery to home sources or synchrotrons for measurements. The protocol is based on methods in routine use in the authors' laboratories, and have been used in characterizing and determining high-resolution structures of hen egg white lysozyme (HEWL 36 ), CO-bound and CO-free sperm whale myoglobin (CO-SWMb 36 and SWMb), Box 1 | Plates of customized size • tIMInG 15-20 min for one in situ plate (continued) (v) Remove the white protective paper from the trimmed stretch of spacer tape and place it, exposed sticky surface down, on one of the two Mylar-lined microscope glass slides. Gently pressure-seal the tape using a film-sealing paddle. The trimmed corner marks the position of well A1.  crItIcal step Aluminum foil can be placed between the tape and the film-sealing paddle to protect the base of the wells.
(vi) At the bottom-right corner of the attached spacer tape, use a razor blade, and insert it between the sticky spacer and the brown protective paper. Fold over a corner of the protective paper. This will facilitate the removal of the protective paper during Step 14 of the main PROCEDURE. The 16-well in situ base plate is now ready for the setup of crystallization trials (Steps 10-23), or the transfer of crystals (Box 3).
Box 2 | Variations of the film-sandwich design • tIMInG 5-10 min
New technologies at synchrotrons continue to emerge quickly, and in the near future it might be possible to collect data from very small crystals, ideally from initial hits. This development will benefit from an in situ application that allows variations in sample thickness (option B) and well volume (option C), ideally in conjunction with very thin films of low-background scatter (option A), as they are used here for an improved signal-to-noise ratio (Fig. 8) .
(a) Variations of background scatter: film material or film thickness • tIMInG 5-10 min per in situ plate  crItIcal The use of a thin, X-ray-transparent plastic film is critical to in situ techniques. The film material itself unavoidably produces some background scatter, which, however, should be kept as low as possible. The pattern and intensity of the background scatter mainly depend on the composition of the film material. For instance, amorphous materials produce rather diffuse scattering patterns, whereas more ordered materials can produce sharp rings or even spots, which could potentially obscure diffraction spots from the sample. Although the method described here uses Mylar film, other laboratories have been using COC film for parallel developments 15, [17] [18] . Of course, if desired, COC or any other X-ray-transparent polymer film such as, for instance, Kapton can be used for the preparation of in situ plates (step i), as well. As scattering intensity is not only a function of material composition but also of the path length of X-rays through the material, thinner polymer films improve the signal-to-noise ratio, too. A comparison of an inner film sandwich made of Mylar with one made of COC film showed that Mylar in situ plates possess a lower and narrower profile of background scatter 35 . In this case, the total thickness of the Mylar in situ plate was only 7 µm (with two layers of 3.5-µm-thick Mylar), in comparison with 50 µm for a COC in situ plate (with two layers of 25-µm-thick COC). In addition, the use of Mylar for in situ techniques benefits from the commercial availability of Mylar films of varying thicknesses: 1.5 µm, 2.5 µm, 3.0 µm, 3.5 µm, 6 µm, and 12 µm.
(i) Follow Steps 1-6 of the main PROCEDURE for lining the glass plates with an X-ray-transparent polymer film. Use Mylar film of the desired thickness, 25-µm-thick COC film, or any other alternative X-ray-transparent polymer film of the desired thickness.
(B) Variations of sample thickness: spacer thickness • tIMInG 10 min per spacer tape  crItIcal Another approach to improve the signal-to-noise ratio is the use of thinner samples (i.e., thinner boluses in the case of in meso crystallization), which ultimately result in lower beam attenuation and background scattering. A reduction of well depth (and thereby also well volume) can be easily achieved by using thinner spacers. Although the standard double-sticky spacer tape is 144 µm, spacers of different thicknesses are available from Saunders: 144 µm, 58 µm, and 28 µm, for example. Spacers can also be stuck on top of each other in order to increase the repertoire of possible spacer thicknesses. Importantly, we 36 and others [18] [19] have noticed that a thinner well spacer also provides a more confined environment for crystal growth. This is particularly important for cases in which crystal dimensions approach the thickness of the well, which is the spacer's thickness. Consequently, a particular crystal orientation might be preferred in in situ plates that can result in the collection of redundant but incomplete diffraction data sets. If an intrinsic preferential orientation of crystals is encountered, it is advisable to grow crystals outside an in situ plate (e.g., in a conventional crystallization plate for soluble proteins or in a syringe filled with mesophase for membrane proteins) and transfer them to Mylar plates after successful crystal growth (Box 3).  crItIcal In our experience, plates with 28-µm-thick spacers were particularly difficult to work with. For instance, crystallization conditions were different from those observed for standard glass plates, and crystals of retinal proteins lost their color over time, indicating conformational instability of the proteins. Most probably, this effect is related to the spacer's adhesive, which is different from those of the other two spacers. Although a perforated double-sticky spacer tape is commercially available from Saunders, it can also be prepared manually: (i) Use double-sticky spacer tape of the desired thickness that comes on a roll rather than in sheets.
(ii) Unwind the tape for ~15 cm. Remove the white protective cover from a pre-perforated spacer sheet with 96 holes in it, and stick it to the tape. Using a pair of scissors, cut off the tape where the white protective cover ends. , and the retinal-free GPCR bovine opsin. It is recommended to perform initial trials either with buffer only, or with a solution of a commercially available protein solution (e.g., lysozyme) in place of the target protein to gain familiarity with the method in general, and with the isolation of in situ wells and with loading of holders.
Overview of the procedure
As the plate design originates from in meso crystallogenesis, for which thin-film crystallization systems are of utmost value, as highlighted above, this protocol describes the routine followed in our laboratories for a typical Mylar-based in situ in meso crystallogenesis trial (Fig. 1d) , with a focus on strategies for screening or data collection. In Box 3, we discuss variations for non-in meso approaches, such as microbatch and vapor-diffusion techniques, as well as sample transfer en masse to in situ plates, all of which are suitable for both soluble and membrane proteins. For data collection (Fig. 2) , we recommend optimizing crystallization using standard glass sandwich plates, as they are simpler to assemble than in situ plates. Accordingly, standard glass crystallization plates are prepared, crystallization trials are set up, plates are sealed with a glass cover, and, over time, crystallization is optimized 13 . When satisfied with the results, in situ crystallization plates are prepared (Steps 1-9), and the optimal crystal conditions from glass plates are reproduced using in situ plates (Steps 10-26). For crystal screening (Fig. 2) , we recommend setting up crystallization trials directly using in situ plates in order to minimize the time between growing first crystal hits and obtaining initial information about diffraction quality.
A variety of 3D-printed holders for patches of Mylar in situ sandwich films make the Mylar in situ method versatile and robust (Fig. 3) . The appropriate holder for a particular experiment is selected (Steps 27 and 28), and holder parts are 3D-printed and assembled (Steps 29 and 30A-D). Basic guidelines for 3D printing can be found in Box 4. If crystals are of sufficient size and are intended for data collection under cryogenic conditions (Fig. 2 , blue lines), in situ crystallization plates are opened (Steps 31-34), and one or more in situ wells are isolated (Steps 35-37) and loaded onto 1-well holders (Step 38A). Holders are cryo-cooled and stored in LN2 (Step 39C(i-v)), and then shipped to a synchrotron Box 2 | Variations of the film-sandwich design • tIMInG 5-10 min (continued) (iii) With the white protective cover functioning as a stencil, punch holes in the spacer tape using a handheld hole puncher. A 3/16-inch hole puncher creates wells of 4.8-mm diameter.  crItIcal step Maximal well volumes for wells with a diameter of 4.8 mm are ~0.5 µl for a 28-µm spacer, 1.0 µl for a 58-µm spacer, and 2.6 µl for a 144-µm spacer.  crItIcal step To prevent clogging, orient the hole puncher such that its 'tooth' faces the sticky side of the spacer tape. Punchedout wells will pile up eventually, and can then be removed easily. The Mylar in situ method can be adapted to batch (option A) and vapor-diffusion (option B) modes. Note that in situ batch and in situ vapor-diffusion crystallization intrinsically differ from traditional methods in terms of drop sizes of protein and precipitant, or the volume of diffusion compartments. Besides growing crystals in situ, another approach to circumvent crystal harvesting is to transfer crystals to in situ crystallization plates (option C). (Fig. 9b) . Mix, if applicable.  crItIcal step The final volumes of protein and precipitant should not exceed 3 µl per well. Larger volumes are feasible if the perforation pattern is manipulated in a manner similar to that discussed below (see option B, step ii). (ii) Take one perforated double-sticky spacer tape and, using a razor blade, manually alter the perforation pattern such that one isolated well is connected through a tunnel in the spacer tape with several other combined wells, the latter of which forms a precipitant reservoir. For possible perforation patterns, e.g., the '2 + 1', '3 + 1', and '6 + 1' patterns, and arrangements of protein and precipitant drops, refer to ( Step 39C(vi)) for data collection (Step 39C(vii-ix)). Afterward, wells are removed from holders (Step 40A), and data are analyzed. For data collection at room temperature (Fig. 2, magenta lines) , in situ crystallization plates with crystals of sufficient size are shipped to a synchrotron (Step 39A(i)) before opening a plate (Steps 31-34) or isolating wells (Steps 35-37) and loading them onto holders (Step 38A-C). After data collection (Step 39A), wells are removed from holders (Step 40A-C), and data are analyzed. For screening of protein crystals on in situ plates (Fig. 2, green  lines) , in situ crystallization plates with crystals to be screened are shipped to a synchrotron (Step 39B(i)). At the synchrotron, in situ crystallization plates are opened (Steps 31-34), and individual or up to 96 in situ wells are isolated (Steps 35-37) and loaded onto screening holders (Step 38A-C). Crystals are screened at room temperature (Step 39B). After screening, wells are removed from holders (Step 40A-C), and data are analyzed.
This protocol also includes information about approaches to fine-tuning and customizing the in situ method that are designed to minimize wasted time and effort, as well as to tailor the method to the user's needs. These include the following: a procedure to prepare in situ plates of customized size (Box 1) and descriptions of how to choose the appropriate film material, film thickness, sample thickness, and well volume (Box 2); how to select a holder (see below); how to modify or design new holders for 3D-printing (Box 5); how to harvest crystals from in situ plates (Box 6); how to store opened in situ plates and wells loaded onto holders (Box 7); how to make the best use of beam time at synchrotrons (Box 8); and how to recycle plate and holder materials (Box 9).
Box 3 | Non-in meso crystallization trials on in situ plates • tIMInG 15-60 min per plate (continued)  crItIcal step In our experience and when using standard spacer tape (i.e., 144-µm thick; 5-mm-diameter holes), the following volumes are feasible: (1) 1 µl of protein/precipitant and 3 µl of reservoir for the 2 + 1 pattern, (2) 1 µl of protein/precipitant and 10 µl of reservoir for the 3 + 1 pattern, and (3)  crItIcal step When wells with crystals grown in situ using the vapor-diffusion technique are loaded onto holders, the top glass plate must be removed particularly carefully in order to prevent mixing of protein and precipitant drops. Furthermore, we recommend first punching a hole in the upper Mylar film of the precipitant reservoir, right above the precipitant drop, using a needle, and to wiping away the solution using a tissue or a cotton swab before loading the isolated well onto a holder.
(c) transfer of crystals to in situ plates • tIMInG ~15-30 min per plate  crItIcal As a manual transfer of crystals takes some time and may result in water evaporation during manual pipetting, we recommend working with plates of no more than 24 or 48 wells, which perfectly match the corresponding 24-and 48-well screening holders. (i) Prepare an in situ crystallization plate with either 16, 24, or 48 wells (Box 1), and keep the crystals to be transferred in close proximity.
(ii) Gently pipette the crystals from their original location and place them in the in situ plate from step i. The volume per well should not be <1 µl, in order to prevent the drop from drying during the pipetting process.  crItIcal step Crystal density can be adjusted depending on the volume transferred per well and by the addition, if any, of precipitant solution.  crItIcal step It might be necessary to optimize transfer conditions. If crystal drops are viscous, add some precipitant solution before pipetting. For crystals growing in a more fluid environment, perform the sample-transfer step at the beamline to diminish undesired movement of crystals in the well during shipping. We rarely noticed movement under gravity during diffraction data collection. Therefore, rotating the plate during data collection can, in the majority of cases, be performed under the assumption that the crystal will remain in place. In other cases, crystals can be mixed gently with small amounts of protein-free LCP in order to increase the viscosity of the solution in the well. Alternatively, protein-free LCP can be predeposited and dried on in situ plates before transferring the crystals.  crItIcal step For data collection under cryo conditions, it is advisable to add (or test) different cryoprotectants.  crItIcal step Any pipetting step inevitably bears the risk of damaging the sample. However, in our experience, even very thin, plate-like crystals could be transferred without macroscopic damage, if the pipetting step was performed gently. In other cases, in which crystals grown in clusters typically lead to complex diffraction patterns, we intentionally separated crystals during the transfer step, facilitating data collection on isolated crystal-cluster fragments. For more delicate samples that cannot handle being pipetted, either standard glass or X-ray capillaries known from the counter-diffusion in situ or classic crystal-mounting techniques should work. In addition, acoustic droplet ejection, in which low volumes are moved via ultrasound waves and which has been used to transfer protein crystals to data-collection media such as pin-mounted micromeshes 61 , is a method worth considering. (iii) Remove the brown protective paper from the spacer and seal the plate as described in Steps 13-23 of the main PROCEDURE. 
Considerations for holder selection
Holders were designed in a 3D-modeling software, and 3D printer files are ready to use and available as Supplementary Data 1-4. For holder selection, consult Table 1 and the sections below. For 3D-printing, refer to Box 4, and for modifying the holder designs described here or for designing new holders, see Box 5.
G-holders for data collection at room temperature and under cryogenic conditions. G-holders (G for goniometer) can be used with any goniometer without prior modifications. They are easy and quick to assemble from a few 3D-printed parts, a Spine cap (i.e., a Crystal Cap SPINE from Hampton Research), and a 3D-printed connector (Fig. 4a) . The tweezer holder can load one in situ well (Figs. 3a and 4b) , whereas the 4-well holder can hold a strip of up to four wells (Figs. 3c and 4c). Tweezer holders are small enough to be used at a synchrotron and at a home source (Fig. 4d) , where space is usually limited. Although the 4-well G-holder can be too big for most in-house X-ray sources, there is typically enough space available in all directions at synchrotron beamlines. As the polylactic acid (PLA) filament can withstand LN2, this allows for storage of crystals in wells loaded to tweezer holders in a Dewar, until beam time becomes available. We usually ship cryo-cooled holders in Unipucks (Fig. 4e) to the GM/CA beamline at the APS (Lemont, IL) synchrotron, where they are fully compatible with ALS-type automounter systems ( Fig. 4f; Supplementary Video 1) . Step 38 A-C
Isolate wells Steps 35-37
Cryo-cool and store in LN2
Step 39 C(i-v)
Data analysis Unload holders
Step 40 Tweezer holders are also compatible with the Irelec CATS cryogenic sample automounter, a commercially available system that keeps the sample in a cryo-vial and is based on a six-axis robotic arm (http://irelec-alcen.com/en/products/cats-cryogenicautomated-sample-changer-macromolecular-crystallography; Supplementary Video 2). For data collection under cryogenic conditions, holders are automatically transferred from LN2 in the automounter reservoir to the goniometer, and the crystals in the wells remain in the cryo-stream, essentially as would crystals in a loop. For data collection at room temperature, holders can be mounted to the goniometer either manually or automatically from the automounter sample Dewar that has been brought to room temperature and dried beforehand. Data are collected as from crystals in a loop. If the crystal is perfectly centered, broad ranges of data (>90°) can often be collected without hitting the frame of a holder with the beam (depending on where the crystal is positioned).
GT-holders for screening at room temperature. Most GT-holders (G for goniometer and T for goniometer translation motions) are 3D-printed in one piece that is then glued onto a cone cap (i.e., a Crystal Cap ALS from Hampton Research). Larger patches of in situ film sandwiches can be loaded quickly and reversibly by using a standard glue stick. GT-holders can hold in situ film patches of up to 4, 24, 48, or 96 wells (Figs. 3c and 5a-d) . GT-holders can be 
Box 4 | Basic guidelines for 3D-printing • tIMInG 8-77 min
Below, we outline in detail how to 3D-print a particular holder design (Steps 1-8 of the main PROCEDURE) using a MakerBot desktop 3D printer (model: Replicator 2). Note that the instructions are basically the same for any other MakerBot model, as well as for any other desktop 3D printer. Still, always refer to the user manual of the printer at hand for more detailed information. Holder designs are available as .x3g, fixed.stl, and .skp files (supplementary Data 1-4). All designs have been optimized with respect to printing time, filament consumption, orientation on the build plate, and the use of supports and rafts. The files necessary for immediate printing are of the .x3g format. For details on other file formats, as well as for instructions for changing 3D designs, refer to Box 5. 3D printing of a holder design ! cautIon The extruder can be as hot as >200 °C. Do not touch it. 1. Select a print job from the SD card by navigating to 'Build from SD' . Use the arrow buttons to choose the desired design, and press the 'M' button to print it. The extruder will begin to heat up and then start the print job. 2. Carefully watch the print job to make sure that it is printing successfully. The first layer of filament should adhere nicely to the build plate, and all print lines should be clean and not wavy.  crItIcal step Never leave the printer unattended while printing. 3. On the LCD screen, you can monitor the progress of the build. As soon as 3D-printing is done, the extruder head slides back to its resting position, thereby pulling and leaving a thin thread of filament at the printed build.  crItIcal step Have flat-nose pliers in close proximity. As soon as the extruder moves away from the build, grab the growing filament thread and pull it away, thereby preventing it from collapsing onto the build. 4. Ensure that the printer is done printing. The MakerBot indicates that by playing a short musical tone. 5. Remove the build plate from the 3D printer. 6. Carefully detach the printed object from the build plate. It might be useful to use a thin scraping tool and carefully pry around the holder or connector parts to lift them off the build plate. ! cautIon Always scrape away from yourself. 7. Remove rafts and supports, if applicable. Use a file to file off the nose of filament that originated from the extruder pulling away at the end of the print job. 8. Return the build plate and either continue 3D-printing or turn off the printer.
attached to any goniometer without prior modifications, provided there is enough space in the horizontal and vertical directions. However, although the 4-well holder ( Fig. 4c) can be supported on both GM/CA beamlines without an additional fine-motor translation stage, which makes the 4-well holder also a G-holder (see above), the 24-, 48-, and 96-well holders benefit from use of a stage in order to extend the goniometer's vertical movement, thereby covering all the wells. For the largest (96-well) holder (Fig. 5d) , the GM/CA facility can handle ~7 of the 8 rows in the vertical translation and 11 of the 12 columns in the horizontal translation 
Box 5 | Basic guidelines for 3D design • tIMInG several hours
There are three print-file formats in 3D-printing using a desktop printer: (i) the design format (e.g., .skp), which encodes 3D designs made in a 3D software; (ii) the transfer format (e.g., .stl), which is still a 3D file format but is also supported by the printer's software (such as Makerbot Desktop or Makerbot Print for Makerbot 3D printers); and (iii) the build format (.x3g), which is the printer's native format and encodes how the design is printed. A typical workflow comprises the following steps: A 3D software (for download of SketchUp, see steps 1-3) is used to create a new holder design (step 4). Alternatively, the design file of an existing holder design (supplementary Data 1-4) is opened, and changes are implemented (step 4). 3D designs are saved as new design files for storage (step 5) and are also exported as transfer files in the 3D software (step 6). 3D designs in transfer file format should be checked for design errors, which should be repaired (see step 7A for Windows users and 7B for Mac users), and files should be saved as repaired transfer files (e.g., as fixed.stl files). Repaired transfer files are then opened with the printer's software (step 11; for download of Makerbot Desktop, see steps 8-10), and the object to be printed is moved to the platform of the virtual printer and scaled to print (steps 12 and 13). Next, print and printer settings are selected (steps 14 and 15), for instance the quality of the print, the temperature for extrusion of the filament, and whether to automatically include rafts or supports in the design. The build is then placed on the build plate (steps [18] [19] [20] . The printer's software also provides an estimate for print time and material usage (steps 16 and 17), and it allows several objects to be combined into a single print job by placing them at different locations on the build plate (steps [23] [24] [25] [26] , which can reduce the printing time. Finally, the file is converted into a build file and transferred onto an SD card (steps 21 and 22) , and the latter is inserted into the SD card port of the 3D desktop printer for 3D-printing (Steps 29 and 30A-D of main PROCEDURE; also see Box 4). Triple-click on an object to select it as a whole and choose 'Export STL' . Define export options and click 'Export' . Rename the exported file accordingly and save it as an .stl file on your computer.  crItIcal step Default values for the export options are the following: the 'Export only current selection' box is checked, the export unit is 'model units', and the file format is ASCII.
Designing a 3D object
Model repair of a 3D design 7. For model repair of a 3D design using a Windows platform, follow option A. When using a Mac platform, follow option B.
(a) using a Windows pc • tIMInG 10 min  crItIcal Windows 8 and 10 users can use the 3D Builder Software from Microsoft to automatically check and repair 3D models.
(i) Right-click on the .stl file from step 6, and select the option '3D print with 3D Builder' . 3D Builder automatically opens.
(ii) In 3D Builder, check the 'Import Model' option in the task bar.
(iii) If there is a problem with the model, that is, the object is invalidly defined, a window will pop up, prompting you to repair the model. Click 'Here' to repair it.
(iv) Select 'Save as' from the drop-down menu on the left side of the task bar, and change the file type from .3mf to fixed.stl.
(v) Ignore the following message: 'Some information will be lost when saving in this format. Choose .3mf to save everything' and click 'Save' to save the model as a 'fixed.stl' file on your computer. on one beamline (23-ID-D), and ~7 of the 8 rows and 6 of the 12 columns on the other beamline (23-ID-B), for which a vacuum tube prevents further horizontal translation. However, it is best to check the current range of sample coverage with the beamline staff because of evolving restrictions in coverage as a result of possible changes in the sample environment area. Within limits, GT-holders also allow the collection of diffraction data. However, because of the use of the vertical motion of the goniometer in this case, the axis of rotation is not aligned with the center of the sample. The greater the vertical distance from the area that would hold crystals in a standard loop, the greater is the restriction on the data collection rotation angle. Thus, it is highly probable that upon rotation Box 5 | Basic guidelines for 3D design • tIMInG several hours (continued) 12 . Move the object to the platform and scale it to print (steps 12 and 13) . A box might appear, asking whether the object should be put on the platform. Click 'Move to Platform' (Fig. 11b) . 13 . If necessary, use the 'Change Dimensions' control on the left to scale the print. 14. Choose print and printer settings (steps 14 and 15) . Click 'Settings' in the task bar of the software, and select print and printer settings to ensure an effective print for the design.  crItIcal step If not stated otherwise, select the following print settings in the 'Quick' tab: High quality with a layer height of 0.1 mm; infill of 60%; number of shells = 3; no raft; no support; PLA material; and an extruder temperature of 230 °C. Press 'Ok' .  crItIcal step Each new design printed will probably work better with slightly different settings. In addition, settings cannot be defined solely on the basis of a virtual design, Thus, choose a 'Standard' quality first and, if necessary, experiment with and fine-tune all commonly used print settings (the ones in the 'Quick' tab) until you are satisfied.  crItIcal step There are three default print profiles available for the 'Quality' drop-down menu: Low, Standard, and High (layer height decreasing from 0.3 to 0.1 mm). The finer the layer height, the better the surface quality of the print, but the longer the print time.  crItIcal step Rafts ensure that builds adhere properly to the build plate, and that the bottom of a print is even. Although it is recommended in most manuals to print with a raft, we refrain from doing so here, as the holders in this project are small, thin, or both, which makes detachment from a raft impossible.  crItIcal step Supports are removable scaffolds that add stability to a print. They are necessary when printing layers that are not supported by the previous layers, for instance in the case of overhangs such as those in the hollow conical feet of GT-holders. Use flatnose pliers or wire cutters to remove them after the print is complete.  crItIcal step For each filament, refer to the manufacturer's instructions to identify the recommended extruder temperature range. As each desktop 3D printer has its own unique characteristics, temperature settings might need to be tweaked a bit to get the best results. At too high an extruder temperature, the filament might tend toward 'flowing' before hardening. At too low an extruder temperature, the filament might not stick to the build plate or might print deformed instead of even, continuous layers. [18] [19] [20] . Carefully check your model and, if necessary, reposition it by using the 'Change Position' and 'Change Rotation' controls on the left to move or flip the object (Fig. 10c) .  crItIcal step The bottom of the object must be flat. Complex models without a flat layer should be sliced for 3D-printing and physically combined later.  crItIcal step The angle of overhanging parts should ideally be > 45°. If that is not the case, either reposition the object or use supports.  crItIcal step If the build plate is uneven or slightly bent at places, move the object to another part of the build plate. 19. Open 'Preview', zoom into the object using the mouse wheel and center it by moving the mouse while pressing the left mouse button. Check the virtual print while scrolling through the different layers. 20. Check 'Show travel moves' to view all moves (Fig. 10d) of the extruder head that are necessary to perform the printing job but that do not correlate with extruding filament.  crItIcal step It is very likely that filament crosshairs will be found along these lines after the print job. Consider rotation or movement of the object if these lines start or end at particularly delicate features of the object.
Export the build file (steps 21 and 22).
If you are satisfied, click 'Export' and save the file to your computer in build format (.x3g).  crItIcal step To export a build file outside of the 'Preview' window, click 'Export print file' in the task bar, and save the build file to your computer. 22. Transfer the build file to an SD card, and continue with 3D-printing (Steps 29 and 30A-D of main PROCEDURE; also see Box 4).
Combined prints (steps 23-26).
In the open software, open a design as explained above (step 11). Move it to the platform, and scale (steps 12 and 13) and position it (steps [18] [19] [20] 3. Use a fresh razor blade, and gently cut three lines in the form of an unfinished square into only the upper Mylar film. The unfinished square should be within the dimensions of the well and should be centered on the mesophase bolus (Fig. 11a) .  crItIcal step If the cut lines extend beyond the well onto the spacer, the upper Mylar film cannot be folded open, as part of it will remain stuck to the spacer. 4. With fine-point tweezers, lift the top Mylar film away from the well, fold it over (Fig. 11b) , and weigh it down using a pair of tweezers.  crItIcal step Note the location of the mesophase bolus and particularly interesting crystals, as both can move when lifting the Mylar film. In most cases, the mesophase remains on the bottom of the well. Sometimes, parts of the mesophase stick to the turned-up Mylar film. 5. Immediately pipette ~2-5 µl of precipitant solution onto the exposed mesophase bolus to saturate the system with precipitant and to reduce possible dehydration. 6. Increase the microscope magnification and use a micromount of appropriate size, material, and shape to harvest the crystals. For a step-by-step protocol, refer to Caffrey and Cherezov 13 .
continue to produce good-quality diffraction data. Note that we have recently modified the GM/CA adaptor (Equipment Setup) with a smaller translation stage to hold magnetic caps (Fig. 5e ),
Box 7 | Storage of opened in situ plates and loaded wells • tIMInG 1-10 min
Opened in situ plates (from Step 34 of the main PROCEDURE) will lose water over time because of dehydration through the thin polymer film 36 . As this might dry out the lipid phase in the case of in meso-grown crystals, unwanted lipid-phase changes with a potentially negative impact on crystal quality may occur. Thus, it is best to store opened in situ plates for short terms in a humid environment (Option A) and load wells of the same in situ plate over an extended period of time, such as during beam time at a synchrotron. Opened in situ plates can also be resealed completely for long-term storage (Option B). At room temperature, in situ wells loaded to a holder will also lose water over time because of evaporation. Thus, it is best to store holders with loaded wells for short terms in a humid environment (Option C), as well. This allows preparation of several holders at the same time while measuring them, for instance, during beam time at a synchrotron. Note that when flash-frozen (Step 39C(i-v) of main PROCEDURE), wells loaded onto a tweezer holder (Step 38A of main PROCEDURE) can be stored for months in a storage Dewar filled with clean (water-free) LN2.
(a) short-term storage of opened in situ plates • tIMInG 1 min (i) Reassemble the double-sandwich in situ plate by putting the top glass plate back onto the inner film sandwich, which in turn lies on top of the bottom glass plate.
(ii) Carefully transfer the in situ double-sandwich plate to a box that can accommodate ≥1 in situ plates, for instance, a 1-ml pipette tip box that was emptied of tips and inlets.
(iii) Add wet tissue paper and close the box. Open it only if necessary.  pause poInt Opened in situ plates can usually be stored in this way at room temperature for a few hours (depends on factors such as the volume of the crystallization drop and the salt concentration in the precipitant solution).
(B) long-term storage of in situ plates after opening • tIMInG 10 min (i) Reassemble the double-sandwich in situ plate by putting the top glass plate back onto the inner film sandwich, which in turn lies on top of the bottom glass plate.
(ii) Using nail polish, seal the plate again (Steps 22 and 23 of main PROCEDURE).
(iii) Move sealed plates to an incubator at the preferred temperature as described in Step 24 of the main PROCEDURE. which allows mounting GT-holders (Fig. 5f) . The translation range of the stage is 29 mm, so that it covers three rows and at least six columns, and would allow positioning of crystals within these wells on the rotation axis for data collection (Fig. 5g) .
GAT-holders for screening at room temperature, and data collection at room temperature or under cryogenic conditions. GATholders (G for goniometer, A for adaptor, and T for goniometer
Box 8 | Optimal use of beam time • tIMInG ~1 h
Below, we suggest how to mark wells for efficient loading (steps 1-3), and detail how to locate crystals at the beamline (steps 4 and 5), and how to transition the latter from a standard goniometer setup to an in situ setup (steps 6-11). locating crystals • tIMInG ~5 min per crystal  crItIcal At room temperature, crystals can typically be located and oriented by eye using the on-axis beamline microscope camera (supplementary Fig. 5a ). If crystals are not colored, this might be more challenging. Under cryogenic conditions, the mesophase can turn turbid, after which, crystals are often not visible (supplementary Fig. 5b,c) . As the on-axis camera zooms in by default into the position at which a crystal would usually sit in a microloop, only a small part of an in situ well is visible. Thus, one can get easily lost while searching for crystals in a well (particularly if the bolus or crystallization drop is not in the center of a well). In such cases, follow steps 4 and 5. 4. For data collection under cryogenic conditions, take a picture of the in situ well before cryo-cooling it. For data collection at room temperature, take a picture before mounting the holder to the goniometer.  crItIcal step Pictures can be taken either using the camera integrated into a stereomicroscope or, alternatively, through the ocular of a microscope using a smartphone (supplementary Fig. 5d ). 5. Mount the holder and wait until the on-axis camera that is along the path of the beam shows a live image. Zoom out as much as possible, and use the recorded picture as a map in order to locate either areas with crystals or a particular crystal.  crItIcal step Once the sample is located at low magnification, the focus can be adjusted by moving the sample closer to or farther away from the on-axis camera.  crItIcal step In the case of cryo-cooled samples, rastering through the boluses or crystallization drops may be the only way to locate the samples, which may be time-consuming because of the much larger size of a bolus or crystallization drop as compared with that of a cryo loop.
Dot-marking system
changeover to an in situ setup with GM/ca adaptor • tIMInG 30-60 min  crItIcal The changeover to the in situ setup requires installation of the vertical translation stage appropriate for the size of the holder (Equipment Setup). The two differently sized stages are preassembled and remain connected to the control system.  crItIcal All changes to the beamline instrumentation should be handled by the beamline staff. 6. Slip the chosen stage, corresponding to the size of the sample holder to be used, over the existing goniometer sample holder. 7. Send the motions to a reference position, and verify the direction of the motion. 8. Mount a 3D-printed GAT-holder with a flat foot, and check the horizontal and added vertical motions for collisions and the range of coverage. 9. Check and enforce software and hardware limits to any of the motions that may collide with the beamline instrumentation around the sample. 10. Once the changeover is complete, perform a step-by-step, manual sequence of control commands to check for any collision errors.  crItIcal step If a sample is available, it is centered and references the approximate focal position that is established on the low-and high-resolution beam-line sample cameras. 11. Collect data (Step 39A or 39C of main PROCEDURE), or screen the crystals (Step 39B of main PROCEDURE).  crItIcal step For room temperature screening and/or data collection, the two most common applications in this case, the cold stream is rotated away from the sample, the path of the detector, and the automounter motions.
translation motions) are 3D-printed in one piece and are immediately ready for use. As is the case for GT-holders, larger patches of in situ film sandwiches can be mounted quickly and reversibly by using a standard glue stick. GAT-holders can hold in situ film patches of 1 or up to 4, 24, 48, or 96 wells (Figs. 3d and 6a-f) .
For proper use of GAT-holders, an adaptor that includes an additional vertical translational stage must be attached to the goniometer in order to clamp the holder and to move the sample vertically and horizontally while keeping the axis of rotation of the goniometer in line with the crystal, thereby covering all of the wells. We typically use one of the two that were developed by the GM/CA team at the APS (Fig. 6g,h) , and thus, they will henceforth be referred to as GM/CA adaptors. To fit into an adaptor, the feet of all GAT-holders are planar. Theoretically, any adaptor can be used that can hold plates of different thicknesses and that fits over the goniometer's normal sample holder. As the GM/CA adaptors come with submicron-level motion control, they allow for accurate centering of any crystal in the bolus. Therefore, GATholders are perfectly suitable for rapid screening, as well as data collection. For the largest (96-well) holder, and when using the GM/CA adaptor with a large translational stage and adaptor plate (Fig. 6g) , the GM/CA facility can handle ~7 of the 8 rows in the vertical translation and 11 of the 12 columns in the horizontal translation on one beamline (23-ID-D), and ~7 of the 8 rows and 6 of the 12 columns on the other beamline (23-ID-B), for which a vacuum tube prevents further horizontal translation. Data collection at room temperature and under cryogenic conditions is possible using the 1-well GAT-holder, and data are collected as with crystals in a loop. Similar to the 1-well G-holders, a broad range of data can be collected if a crystal is perfectly centered in the well. Within limitations, the bigger GAT-holders allow for the collection of diffraction data as well. Although the crystals can be aligned with the rotation axis, which is not possible with the GT-holders, the rotation range is still limited because of possible collisions of the plate with beamline equipment around the sample position. 96-well GAT-holders may also be compatible with frames for Society for Biomolecular Screening (SBS)-format plates, which are available at synchrotrons for in situ diffraction testing and which can be mounted and dismounted robotically. For this purpose, the inner portion of an SBS-format crystalliza-
Box 9 | Life expectancy and recycling of materials • tIMInG 10 min to several hours
If recycled properly (steps 1 and 2), glass plates can be used for months. Similarly, 4-well G-holders, as well as all GT-and GAT-holders, are very durable and can last for months. If they break or bend, plastic frames should be discarded, whereas their metal parts (the Spine and cone caps in the case of G-and GT-holders) can be recycled (steps 3 and 4). Although tweezer holders tend to be the most frequently used holders, they are also the smallest and most fragile holders, as (i) their size is restricted by the inner diameter of the automounter's gripper at synchrotrons, and (ii) the low thickness and profile of the frame are critical to allow for rotation of a crystal over an extended range. Thus, after extensive use, tweezer holders can break or bend, such that the frames do not close properly anymore. In these cases, plastic frames should be discarded, whereas metal parts-here Spine caps-can be recycled (steps 3 and 4).
recycling of used glass plates: • tIMInG 10 min for several glass plates 1. Soak a tissue with acetone, and remove nail polish traces from the plates' edges until the glass plates are clean.  crItIcal step For the sake of efficiency, several used glass plates can be collected first and cleaned later at the same time.
2. Dip cleaned glass plates into a beaker with ultrapure water and let them air-dry. Glass plates are now ready to be used again (Step 1 of main PROCEDURE).
recycling of metal parts:
• tIMInG ~3 h for several holders 3. Place broken holder parts in a glass beaker. Fill the beaker with acetone, and let the holders soak for up to 3 h. Super Glue will dissolve, and plastic parts of the holder can be removed from the Spine and cone caps using fine-point tweezers or flat-nose pliers.  crItIcal step Plastic parts of the holder will partly degrade, resulting in a colored acetone solution.  crItIcal step For the sake of efficiency, several broken holders can be collected first and soaked in acetone later at the same time.  crItIcal step Adjust the size of the glass beaker to the size of the holders. 4. Dip plastic-free caps into a beaker with ultrapure water and let them air-dry. Spine and cone caps are now ready to be reused (
Step 30A-C of main PROCEDURE). 
Additional tools for assembly of holders, for isolating wells, and for (un)loading holders
Cotton Software controls. Here, they are customized to the GM/CA beamline REAGENT SETUP Protein solution Protein solutions should be highly concentrated (preferably to ≥10 mg/ml), and should be monodisperse, as judged by analytical sizeexclusion chromatography (SEC) or dynamic light scattering. For in meso crystallogenesis of membrane proteins, the target protein should be solubilized as detergent-protein complexes 13 . It is advisable to minimize the detergent content in the concentrated protein sample before crystallization, as high detergent levels can destroy the LCP by transforming it entirely into a lamellar phase 45 . If essential lipid molecules are removed from the protein during purification, lipids can be added back to the mesophase in a controlled manner 13 . Alternatively, polymer-bounded lipid nanodiscs can be used that retain the protein's local bilayer microenvironment and do not contain traditional head-to-tail detergents 46 . In this protocol, we use human A 2A adenosine receptor and bovine opsin as an example (ANTICIPATED RESULTS). Details on construct design, and protein production and purification are presented in the Supplementary Methods.
•
EQUIPMENT SETUP LCP robot
We typically use a Crystal Gryphon robot with an LCP arm. To prepare the LCP robot for dispensing of mesophase (this takes ~15 min), make sure that all washing lines are filled with water. Switch the robot on, and perform a washing step of the 96-channel syringe head. Calibrate the stage of the robot by lowering the LCP arm until the dispensing needle almost touches the metal block that later will hold either a standard glass plate or an in situ bottom plate. Save the calibration parameters. Open a standard LCP protocol. Note that for in situ work, no changes to the LCP delivery protocol that is used for a standard 96-well glass plate are required. 3D printer We typically use a Makerbot Replicator 2 desktop 3D printer. To prepare it for 3D-printing (this takes ~15 min), lift the build plate, which is made of acrylic material, from the build platform. To ensure that builds/print jobs adhere properly to the build plate, apply Blue painter's tape in strips lengthwise across the top of the build plate. Insert the build plate again. Detach the filament guide tube, feed the PLA filament through, load it into the extruder, and return the filament guide tube to the hole in the top of the extruder. Clear the extruder's nozzle of any leftover filament. Turn the 3D printer on and follow the on-screen instructions to level the build plate by adjusting the three knobs under the build platform. ! cautIon Never touch the extruder's nozzle, or freshly extruded PLA, as it might still be hot.  crItIcal Do not overlap the strips of blue painter's tape, as this might lead to uneven prints.  crItIcal Always remove filament leftovers from the nozzle, as newly extruded PLA might otherwise stick to the nozzle instead of the build platform.  crItIcal As the smallest of the holders are printed at the resolution limit of the printer, it cannot be stressed enough how essential leveling is for a successful print job.
If the build plate is too far from the extruder's nozzle, builds might not stick to the build plate. If the build plate is too close, the nozzle can become clogged. We recommend always printing a connector piece as standard or positive control (Fig. 4a) first, fine-tuning the level of the build plate until it is printed perfectly, and then proceeding with the holder of choice. Micromounts Attach micromounts with an appropriate pin length to magnetic crystal caps using Super Glue. The bases of the caps must be labeled so that crystals can be identified. GM/CA adaptors The GM/CA adaptors (Figs. 5f and 6g-h) were designed to provide a fast and efficient transition from conventional frozen protein crystal samples in a loop to in situ-type delivery systems at synchrotrons. Our approach was to use the horizontal motion of the goniometer and the existing upstream/downstream motion for focusing the sample, but to introduce a vertical motion through a translational stage. There are two reasons for this: first, this allows moving of the goniometer such that it almost fully covers the largest 96-well screening holder; second, it allows positioning of crystals within wells on the rotation axis for data collection. Modern minibeams with a diameter of a few microns require the use of a precision motor. The GM/CA adaptors are therefore based on the SmarAct translation stages that are capable of submicron reproducibility. Adaptor plates that provide the attachment point for the holders are screwed onto the SmarAct stages. Two sizes of adaptor plates are available: a small one for mounting smaller holders (e.g., 24-well holders; Fig. 6h) , and a larger one for mounting larger holders (e.g., 96-well holders; Fig. 6g ). The corresponding assembly is then in turn screwed onto a sleeve that slides snugly over the normal magnetic mount position. Set screws are used to secure the adaptor into place. The sleeve attachment to the goniometer must be designed specifically for the goniometer at hand. Drawings for the small and large GM/CA adaptors are available as Supplementary Manual 2.
proceDure lining of two glass plates with Mylar film • tIMInG 5-10 min for 1 in situ plate  crItIcal This protocol focuses on the preparation of in situ plates with 96 wells. However, plate size is customizable, and plates with 48, 24, or 16 wells can be easily prepared (Box 1 and Fig. 7 ). In addition, film material, film thickness, sample thickness, and well volume can be adjusted according to the user's needs (Box 2 and Fig. 8 ).
 crItIcal Wear gloves to protect the Mylar film from direct contact with skin. to the bench with labeling tape, making sure that the tape covers only a narrow part of the glass (supplementary Fig. 2a) .
1|

2|
Place the roll of Mylar film along the distant edge of the glass plate. The roll should be oriented such that it will roll away when the film is pulled upward. Gently pull the film over the glass plate, wrap it around the bottom edge, and secure it with a strip of clear tape at the bottom side of the glass plate (supplementary Fig. 2b) .  crItIcal step To prevent the roll of Mylar from rolling away, thereby creating unwanted wrinkles in the Mylar film, place an object behind it (e.g., a pipette tip box).
3|
Roll half of the Mylar film up again, such that the roll of Mylar lies on top of the glass plate. Peel back the labeling tape in order to turn the glass plate around in plane. The new bottom edge of the glass plate should again extend from the edge of the desk. Similar to Step 1, fix the right and left top edges of the plate to the bench with the labeling tape used before.
4|
Slightly stretch the Mylar film, and cut it with a clean pair of scissors. Leave an overhang of ~2 cm (supplementary Fig. 2c ). Pull the Mylar film around the edge, and stick it to the bottom of the plate with clear tape (supplementary Fig. 2d ).  crItIcal step Keep the overhang long enough to pull it around the edge. If it is too long, it will be difficult to attach the clear tape.  crItIcal step Carefully adjust the amount of tension. Too much tension will result in wrinkles at the sides, whereas insufficient tension will leave wrinkles all over the plate.
5|
Glide your fingers from the inside to the outside over the Mylar film to electrostatically charge and thus smoothen it (supplementary Fig. 2e) . Continue until the Mylar film sticks to the plate, and most air bubbles and wrinkles have vanished (supplementary Fig. 2f ).  crItIcal step Occasionally, a few minor wrinkles remain around the edges; they usually disappear if the plates are prepared a day in advance.
? trouBlesHootInG 6| Peel back the labeling tape, and repeat Steps 1-5 for a second glass plate. One of the prepared glass plates will serve as the cover plate, and the other will be the base plate of the in situ double-sandwich plate (for nomenclature, see Fig. 1b) . Store both Mylar-lined plates in an appropriate box, separated by a piece of paper.  pause poInt Plates can be prepared in advance and stored for months at room temperature in a clean and sealed container. 8| Remove the white protective paper from a pre-perforated double-sticky spacer tape (EQUIPMENT). Place the tape, with its exposed sticky surface down, onto the Mylar-lined glass plate where indicated on Stencil 1 (supplementary Fig. 3a) . Gently pressure-seal the tape using a film-sealing paddle.  crItIcal step The spacer tape is positioned slightly beyond the upper edge of the Mylar film, where it sticks directly to the glass plate (Fig. 7a) . This will ensure that the film sandwich sticks to the bottom plate when removing Mylar overhangs from the freshly formed inner film sandwich (Step 18), or when opening an in situ plate with crystals for the isolation of wells (Step 33).  crItIcal step When positioning the spacer tape, bend it slightly in the middle, raising the right and left edges up, and set the middle section down first. From there, push the tape down to both sides using the film-sealing paddle. Aluminum foil can be placed between the tape and the film-sealing paddle to protect the base of the wells.  crItIcal step For imaging purposes (Step 23) and in order to easily recall the position of well A1, and thus to locate wells/crystals at a later stage, the spacer tape should be stuck slightly toward the left side of the plate, as well as slightly toward the top of the plate (as indicated on Stencil 1, supplementary Manual 1) rather than exactly to the middle of the plate. The uppermost left well is referred to as well A1. For a 96-well plate, its neighboring well to the right is A2 and so on until A12, and the well below A1 is B1 and so on.
9|
At the bottom-right corner of the attached spacer tape, use a razor blade, and insert it in-between the sticky spacer and its brown protective paper. Fold a corner of the protective paper over (supplementary Fig. 3b ). This will facilitate removal of the protective paper during Step 14.  pause poInt Base plates can be prepared in advance and stored for months at room temperature in a clean and sealed container.
setup for crystallization • tIMInG ~30 min per plate  crItIcal This protocol focuses on in meso crystallization. Please refer to Box 3 and Figure 9 for variations in the setup for crystallizing proteins using microbatch and vapor-diffusion techniques, and for transferring samples en masse onto in situ plates.
10|
Load a syringe mixer with protein solution and lipid. Make the mesophase, and reconstitute the protein into it by mixing lipid and protein solution. For details and troubleshooting, please refer to Caffrey and Cherezov 13 .
11|
Orient an in situ base plate from Step 9, such that A1 is the upper-left well (or as is required for the robotic setup at hand).
12|
Dispense protein-loaded mesophase into individual wells of the base plate using either an LCP robot (supplementary Fig. 3c) or a manual dispenser. Add precipitant solution on top of the mesophase bolus in the same way. For details and troubleshooting, please refer to Caffrey and Cherezov 13 .  crItIcal step Both the LCP robot and the manual dispenser can be used with in situ plates exactly as they would be used with standard LCP glass plates.
Formation of the inner film sandwich, and sealing of in situ plates • tIMInG ~10-20 min per plate 13| If applicable, remove the base plate from the LCP robot, and carefully place it onto a workbench.
14|
With your hand, grab the corner of the spacer's brown protective paper that was folded over earlier (Step 9; bottom-right corner), and carefully peel the cover away from you and off the spacer tape to expose the spacer's upper sticky surface.  crItIcal step Hold the Mylar film in place with a finger of your left hand during removal of the spacer's brown cover paper.  crItIcal step Remove the brown protective paper as soon as possible to prevent it from absorbing precipitant solution that has been applied off-center (e.g., because of slightly bent needles of the robot head). If applicable, pipette the corresponding drops back on top of the mesophase boluses.  crItIcal step Removal of the brown protective paper before dispensing the mesophase (Step 12) might cause the plate to stick to a robot's movable needle or pipetting head. ? trouBlesHootInG 15| Carefully place an in situ cover plate from Step 6 on top of the sticky spacer of the in situ base plate. The inner film sandwich has been formed.  crItIcal step Keep the cover plates in close proximity when loading the base plates for fast and efficient sealing of plates as soon as loading is complete.  crItIcal step At this step, align the Mylar films rather than the glass plates. It is usually not necessary to push the plates together, as the Mylar film of the cover plate sticks to the spacer by itself.
16| Using a scalpel, cut the Mylar film on the left and the right of the outer side of the cover plate (supplementary Fig. 3d ). Remove these pieces together with the clear tape.
17|
Carefully turn the double-sandwich plate over, such that it lies on the cover plate (with well A1 now in the right top corner), and repeat Step 16.
18|
Orient the plate sandwich such that well A1 is again in the upper-left corner. Carefully lift the top glass plate, upper edge first, and put it aside. The inner film sandwich sticks to the bottom of the glass plate and is now exposed.  crItIcal step Separation of glass plates can be facilitated by inserting a scalpel between the two plates, and using it as a lever to lift the upper plate.
19| Using a scalpel, cut the Mylar film firmly along the sides of the spacer tape, and remove any film overlaps (supplementary Fig. 3e) .  crItIcal step Work quickly in order to prevent water evaporation.
20|
Put the removed glass plate back in place.  crItIcal step This time, align the glass plates.
21|
Write the plate number (or other identifier) on the right top corner (or where desired) in order to allow easy identification of plates and screening conditions. 22| Place the plate into your hand, and gently hold it with thumb and index finger. Apply a thin layer of nail polish to all four edges.  crItIcal step To fine-tune the application of the right amount of nail polish, start with one of the edges that has the largest distance to the inner film sandwich (i.e., either the bottom or the right edge, if A1 is the upper-left well).  crItIcal step Not applying enough nail polish will produce cracks and splits in the coating, resulting in an improper seal. Applying too much nail polish will result in nail polish seeping into the glass sandwich.
23|
Set the plate onto either a tip rack or a stack of empty tip-rack inlets to dry (supplementary Fig. 3f) . Once the layer of nail polish is dry, add another layer of nail polish, as described in Step 22. The plate is ready for storage at the desired temperature, when the second layer of nail polish is dry.  crItIcal step The use of two different colors of nail polish for both layers helps not only to better judge whether the plates are well sealed but also to distinguish which plates have one or two layers when setting up several plates.  crItIcal step If desired or necessary (e.g., in the case of light-sensitive proteins), wrap the plates in aluminum foil, and label the latter before storage.
crystallization: incubation and tracking of crystal growth • tIMInG 1-2 months 24| Place the plates in a room or in a chamber (e.g., an incubator or an automated imaging system) with temperature control.  crItIcal step The available right-side strip of an in situ plate can be used to attach a barcode, which can be read by some automated imaging systems for protein crystallization (e.g., Rock Imager 1000 from Formulatrix). As the upper glass plates of Mylar in situ plates are thicker than the cover glasses of standard glass sandwich plates, a different plate profile is necessary in order to allow proper focusing on the different wells. For instance, for the Rock Imager, a plate profile called '96 Well In situ Mylar' is available through Formulatrix and can be distributed to users with the same imager. Note that for this plate profile, it is critical to use Stencil 1 (with defined starting points in x and y directions, supplementary Manual 1) when preparing the in situ base plate (Step 8).
25|
Monitor crystal growth under a regular light microscope, and between crossed-polarizers using a polarized light microscope. Score the boluses, and properly document crystallogenesis results in a laboratory notebook. For details, as well as for a key for scoring the outcome of in meso crystallization trials, see Caffrey and Cherezov 13 .
crystallization: optimization • tIMInG 1-6 months 26| Improve crystal size and/or diffraction quality, once a crystallization hit has been recorded. The conditions to be optimized typically include protein concentration; buffer, salt, polymer and additive type and concentration; and pH and temperature. For a series of protocols for the crystallization of soluble proteins, please refer to Benvenuti and Mangani 44 . In addition to these standard approaches, optimization in meso includes lipid identity and the composition of the lipid bilayer. See Caffrey and Cherezov 13 for details regarding in meso-grown membrane-protein crystals. . 10 ). When the print is complete, remove the corresponding printed connector from the build plate.  crItIcal step We highly recommend printing a connector as quality control before starting any other print job. If the build plate was leveled perfectly, and the filament is properly fed into the extruder, the connector will print well. In any other case, relevel the building plate, and do not continue until this print job prints successfully.  crItIcal step 1-well G-holders consist of three pieces, which are printed individually: one connector with a wide slit, and two base parts (Fig. 4b) . Using a Makerbot Replicator 2 with PLA filament, printing times are the following: 4 min for each base part and 5 min for the wide-slit connector.  crItIcal step If necessary, use sandpaper or a file to smoothen or shape holder parts.
? trouBlesHootInG  pause poInt Holder parts can be stored for months at room temperature in a clean and sealed container. (ii) Glue the connector with a wide slit into a Spine cap using Super Glue. (iii) Intertwine the two base parts, as shown in Figure 3a , and glue them into the connector/Spine cap using Super Glue.
The holder is now ready for loading wells (Step 38A).  pause poInt Holders can be assembled in advance and stored for months at room temperature in a clean and sealed container, such as a small cardboard box. When a print is complete, remove the printed holder part from the build plate.  crItIcal step 4-well G-holders consist of three pieces: one connector with a narrow slit, one base part, and one frame (Fig. 4c) . Here, the base part and frame were combined in a single print job. Using a Makerbot Replicator 2 with PLA filament, printing times are the following: 11 min for the base part and frame, and 5 min for the narrow-slit connector.  crItIcal step If necessary, use sandpaper or a file to smoothen or shape holder parts.
? trouBlesHootInG  pause poInt Holder parts can be stored for months at room temperature in a clean and sealed container. (ii) Glue the connector with a narrow slit into a Spine cap using Super Glue.  crItIcal step GT-holders consist of only one piece that is printed with a raft and supports in a lying position (i.e., parallel to the printer's build plate). Here, a raft is used to ensure that the supports can be printed on an even layer, while the supports allow for properly printing the frame, which is otherwise not supported by previous layers of filament used to print the hollow, conical foot. Using a Makerbot Replicator 2 with PLA filament, printing times for GT-holders are the following: 34 min (24-well holder; Fig. 5a ), 54 min (48-well horizontal holder; Fig. 5b ), 52 min (48-well vertical holder; Fig. 5c ), and 70 min (96-well holder; Fig. 5d ).
? trouBlesHootInG (ii) Remove the raft and supports using flat-nose pliers and/or a soft-wire cutter.
 crItIcal step If necessary, use sandpaper or a file to smoothen or shape holder parts.  pause poInt Holder parts can be stored for months at room temperature in a clean and sealed container. (iii) Glue the respective GT-holder onto a cone cap using Super Glue. GT-holders are now ready for loading wells (Step 38C).
? trouBlesHootInG  pause poInt Holders can be assembled in advance and stored for months at room temperature in a clean and sealed container, such as a small card box. ? trouBlesHootInG  pause poInt Holder parts can be stored for months at room temperature in a clean and sealed container. (ii) GAT-holders do not require assembly and are immediately ready for loading wells (Step 38C).
opening of in situ plates • tIMInG 1-2 min  crItIcal We typically mark wells to be loaded according to a dot system (Box 8). Be aware that markings are removed once the top glass plate is lifted off during Steps 33 and 34.
31| Take a scalpel, and firmly cut along all four edges of the plate, thereby carving into both layers of nail polish that seal the glass plates (supplementary Fig. 4a) .  crItIcal step Do not yet insert the scalpel between the two glass plates. 32| Starting in a corner, carefully push the scalpel completely between the two glass plates and, with the tip of the scalpel now between the plates, move it around all four edges of the plate, thereby gently but forcefully breaking the seal.
33|
Position an in situ plate such that the bottom-right well is A1. Insert the full blade of the scalpel between the two plates at one corner, and lever the top glass plate up, bottom edge first (supplementary Fig. 4b) . The Mylar film sticks to the bottom glass plate (Step 8).  crItIcal step Lifting the upper glass plate gently such that the Mylar film peels off slowly prevents manipulation of and damage to the crystals in the wells.
? trouBlesHootInG
34|
Remove the upper glass plate, exposing the inner film sandwich attached to the bottom plate. The film sandwich is now ready for isolation of wells (Steps 35-37). Alternatively, crystals can be harvested (see Box 6 and Fig. 11 ).
Isolation of wells • tIMInG 1-2 min per well or array of wells  crItIcal During all steps, handle film sandwiches as gently as possible, so that crystals in wells experience as little disturbance as possible.
35|
On an opened in situ plate (from Step 34), verify the identity of the well(s) to be isolated.
36|
Take a fresh razor blade, and firmly cut out the well(s) of interest (supplementary Fig. 4c ).  crItIcal step Choose one well for both the tweezer holder (i.e., 1-well G-holder) and the 1-well GAT-holder, a strip of up to four wells for the 4-well G-and GAT-holders, an array of up to 4 × 6 wells for the 24-well GT-and GAT-holders, an array of up to 12 × 4 or 6 × 8 wells for the 48-well GT-and GAT-holders, and an array of up to 12 × 8 wells for the 96-well GT-and GAT-holders.  crItIcal step For clean cuts, always use a fresh razor blade. A scalpel rips rather than cuts the film sandwich. Cut the corners particularly carefully.  crItIcal step For the tweezer holder, a well is broader than a frame. Thus, keep the holder in close proximity to better judge how broad the cut must be in order to fit a well into the holder. Make sure that the LCP bolus or the crystallization drop is in the center of the rectangle to be cut.  crItIcal step For the 4-well G-holder, the frame from Step 30B(i) can be used as a cutting guide.
37|
With fine-point tweezers, carefully grab the well(s) and lift it/them up (supplementary Fig. 4d) . Depending on the size of the array of wells, use one or two sets of fine-point tweezers. Proceed with loading wells onto holders (Step 38A-C).  crItIcal step If the well(s) is/are still attached to the film sandwich, cut again. To avoid disturbing and damaging the crystals, do not rip the well(s).  crItIcal step If, for the 4-well G-holder, the frame has been used as a cutting guide, the strip of four wells sticks to the frame. Keep it there. ? trouBlesHootInG loading of wells 38| For loading wells into a 1-well G-holder (tweezer holder), follow option A; for 4-well G-holders, follow option B. For loading wells into GT-and GAT-holders, follow option C. We recommend practicing loading wells before working with important samples. (ii) If the frame has not been attached already, glide it in smoothly. The holder is now ready for screening (or limited data collection) at room temperature (Step 39A and B). (c) loading of wells onto Gt-holders and Gat-holders • tIMInG 2 min per array of wells (i) With a glue stick, apply a thin layer of glue to the frame of the respective holder (from Step 30C(iii) and 30D(ii); supplementary Fig. 4f ). (ii) Position the well, the strip of wells, or the array of wells on that side of the frame with the glue (supplementary Fig. 4g ). Make sure that each well can be clearly seen through the frame.
? trouBlesHootInG (iii) Gently press the film onto the frame. The holder is now ready for screening (or limited data collection) at room temperature (Step 39A and B).
? trouBlesHootInG Data collection and screening 39| Use the holders loaded with wells containing crystals for data collection at room temperature (option A), screening at room temperature (option B), or cryo-cooling and data collection under cryogenic conditions (option C, used mainly for 1-well G-holders/tweezer holders).
(a) Guidelines for data collection at room temperature • tIMInG up to several days, including shipping (i) For measurements at a synchrotron, position Mylar in situ plates in shipping boxes, add cooling packs equilibrated at 20-25 °C, and ship the plates and holders to the synchrotron. (ii) At the synchrotron, place up to three 1-well holders at a time in a storage puck or similar container, transfer them to the automounter reservoir, and mount each holder automatically. For data collection at a home source, mount each holder manually.  crItIcal step For automated mounting at synchrotrons, make sure that the automounter reservoir has been emptied of LN2 and dried.  crItIcal step Until data are collected, store holders with loaded wells in a container with high humidity (Box 7). (iii) Locate the crystals using a beamline microscope camera, and position them within the beam (supplementary Fig. 5a ). (iv) Test crystal parameters using an attenuated beam while optimizing the data-collection strategy. (v) If possible, collect full data sets on the best-quality crystals. In cases in which radiation damage prevents the collection of full data sets, collect truncated data sets instead.  crItIcal step The number of crystals needed to complete a data set depends on the space group symmetry and the random distribution of the orientation of the crystals in the mount.  crItIcal step In the case of data collection from wedges of data, the individual wedges can be reduced and merged to check for coverage of reciprocal space. A 'Multi-Crystal Strategy' tab in the GM/CA graphical user interface is available for larger wedges of data 42 . Although it is a useful feature, this option must be automated and optimized for data collection from many crystals.  crItIcal step One of the difficulties in collecting a complete data set stems from the morphology of the crystals. Low-symmetry space groups combined with flat, 2D crystals pose the largest problem for a single-axis goniostat, such as the one at the GM/CA beamlines. Other facilities may have the ability to reorient the mount with a kappa-type motion. Given the limitations of the single-axis goniostat, the user is forced to collect data from a larger distribution of orientations of the crystal. If possible, the starting angle (phi axis) of data collection can be offset to minimize overlap between data from similar orientations of crystals.  crItIcal step At synchrotrons, the speed of data collection due to fast detectors prevents real-time visual inspection of the images. An alternative is to monitor the progress of the data collection by watching the plot of the number of reflections, which are identified in the diffraction images. At the GM/CA beamlines, a plot of the number of reflections, as well as the resolution of the observations appears beneath the display of diffraction-pattern images. This graph is continuously updated as the data collection progresses. A drop-off in the number of spots indicates that the crystal may be moving out of the beam. A decrease in the resolution is an indication of possible radiation damage. However, resolution and number of spots are strongly correlated.
unloading of holders • tIMInG 40| Follow the instructions in option A for unloading 1-well G-holders, option B for 4-well G-holders, and option C for GT-and GAT-holders.
(a) unloading of 1-well G-holders (tweezer holders) • tIMInG 1 min (i) Push open the middle section of the tweezer holder in order to separate the frames, and pull out the in situ well using fine-point tweezers.
(ii) The holder can be reused immediately for loading a new well (Step 38A).
 crItIcal step Eventually, the frame of the tweezer holder will break. If this happens or any other part of the holder is not functional anymore, recycle it as described in Box 9. (B) unloading of 4-well G-holders • tIMInG 2 min (i) Insert a wire or needle from the bottom side through the hole to push the frame out of the holder.
(ii) Pull off the film sandwich using fine-point tweezers.
(iii) The holder can be reused immediately for loading a new strip of four wells (Step 38B). (c) unloading of Gt-holders and Gat-holders • tIMInG 1 min (i) Pull off the film sandwich using fine-point tweezers.
(ii) As the amount of glue left behind on the frame is negligible, the holder can be reused immediately for loading a new well, a strip of wells, or an array of wells (Step 38C).
? trouBlesHootInG Troubleshooting advice can be found in table 2. The plate was not turned around Turn the plate such that well A1 is the bottom right well. In this orientation, the Mylar sandwich sticks with its lower border to the bottom glass plate
37
The well is/wells are still attached to the film sandwich
The well was/wells were not cut properly OR was/were not cut using a fresh razor blade Cut again using a fresh razor blade. Pay particular attention when cutting the corners 38C(ii,iii) Wells are hidden behind the frame or its braces
The array of wells was not aligned properly film sandwich, and the in situ double-sandwich plate was sealed with nail polish. The plates were incubated at room temperature, and crystallization was monitored manually under a light microscope. The best crystals were grown in 25-28% (vol/vol) PEG 400, 0.04-0.06 M sodium thiocyanate, 2% (vol/vol) 2,5-hexanediol, and 100 mM sodium citrate at pH 5.0. Crystals were colorless long and narrow plates, and grew to their full size (~100 × 10 × 5 µm 3 ) in 3-4 d (supplementary Fig. 1e) . Compared with crystals grown in standard glass plates, no differences with respect to crystal growth, size, or shape were noticed. Crystals grew in space group C222 1 (a minimum of 180° of data required for a complete anomalous data set). For details about the crystals and crystallization information, please refer to supplementary table 1.
Holder selection. To perform data collection under cryogenic conditions and in order to use the holder without modifications to the goniometer, a 1-well frameless G-holder was chosen (note that this is an old design, as described in Broecker et al. 36 ).
loading of wells and mounting of holders. Before data collection, plates were shipped to the synchrotron lying in a Styrofoam box pre-equilibrated at 20 °C. In situ crystallization plates were opened, and one glass plate was removed, exposing the inner Mylar film sandwich. Individual wells containing crystals were cut out and loaded onto 1-well frameless G-holders. Wells were frozen directly in the cryo-stream. Mesophase served as the only cryoprotectant. To reduce the risk of evaporation of mother liquor from each well, samples were loaded, and the corresponding holders were mounted one well at a time. In the meantime, the in situ crystallization plate was reassembled and sealed. Through their attached Spine caps, holders were manually mounted onto the goniometer head with the cryo-stream manually blocked. The cryo-stream was released once the holders were placed on the goniometer.
X-ray data collection under cryogenic conditions.
Crystallographic data were collected at APS (beamline 23-ID-D) using a 10-µm collimated minibeam at a wavelength of 1.033 Å and a Pilatus detector. To reduce radiation damage, crystals were translated to a fresh position, if possible, or replaced after collecting 10 frames at 1-2.5 s of exposure time and 0.5° of oscillation with an unattenuated beam.
Data processing. Data sets from the 34 most isomorphous crystals (~82% of data came from crystals in the same in situ well) were integrated, scaled, and merged together using XDS 50 and BLEND 43 from the CCP4i program package 51 , as implemented in the SBGrid suite 52 , to obtain a 2.35-Å resolution data set.
structure determination and refinement. The previously obtained A 2A AR-bRIL-∆C/ZM structure (PDB ID 4EIY, Liu et al. 49 ), pruned to a polyalanine model and with water molecules and ligands removed, was used as an initial model for molecular replacement and refinement 53 . Coot 54 and Phenix 55 were iteratively used to rebuild the structure until convergence. Most of the elongated electron density tubes near the protein hydrophobic surface were modeled as oleic acids, in addition to three cholesterol molecules.
The resulting model was refined to R work and R free values of 0.20 and 0.22,respectively. Data processing and refinement statistics are given in supplementary table 2. The electron density maps revealed the presence of one ligand molecule, ZM241385, bound within the helix bundle, various monoolein lipids, three cholesterols, several waters, and one sodium ion (Fig. 12d) . Coordinates and structure factors have been deposited in the PDB under accession code PDB ID 5VRA. Bovine rhodopsin is abundant in rod outer segment disk membranes of photoreceptor cells 56 . To receive even dim light signals, rhodopsins are very light sensitive and consist of the apoprotein opsin and the chromophore 11-cis-retinal, which is covalently bound to Lys296 in transmembrane helix 7 by a protonated Schiff base. 11-cis-retinal is a strong inverse agonist that stabilizes the inactive receptor state. Photon absorption causes retinal cis/trans isomerization, and thereby forms the agonist all-trans-retinal in situ, which drives the receptor to the active state. Upon G-protein activation, rhodopsin is desensitized through an interaction with rhodopsin kinase and arrestin 56 . Subsequently, the retinal Schiff base is hydrolyzed, and the photolyzed all-trans-retinal is released from its binding site. The structure of opsin was solved previously using crystals grown by the hanging-drop vapor-diffusion method 57 . Details on the preparation of opsin membranes according to Sachs et al. 58 , and on protein purification, are described in the supplementary Methods.
preparation of in situ plates. 16-well in situ plates were prepared (Box 1). However, instead of using a standard doublesticky spacer tape, the perforation pattern was manually altered in order to realize vapor diffusion. One pattern that worked well for us is L-shaped and is shown in Figure 13a .
In situ vapor-diffusion crystallization. Into in situ well B of an L-shaped perforation pattern, 1 µl of 30% (wt/vol) trehalose was pipetted and dried for ~5 min while lying on top of a bead bath filled with Armor beads and set to 40-45 °C (Fig. 13b) . During incubation, the plate was covered with the lid of a pipette tip box. 4 µl of a 3.8 M ammonium sulfate solution supplemented with 50 mM sodium acetate (pH 5.5) and 15% (wt/vol) trehalose was pipetted into in situ well C of the L-shaped perforation pattern (Fig. 13b) . GαCT2 peptide (ILENLKDVGLF; synthesized and solubilized in water and 2× buffer as a 10 mM stock solution) was added to detergent-solubilized opsin at a molar ratio of 4:1. 500 nl of opsin-peptide mixture was mixed with the same volume of a 3.2-3.4 M ammonium sulfate solution supplemented with 100 mM sodium acetate (pH 5.5), and the mixture (final volume: 1 µl) was pipetted into in situ well A of the L-shaped perforation pattern (Fig. 13b) . Afterward, in situ base plates were covered with an in situ cover plate in order to form the inner film sandwich. The in situ double-sandwich plate was not sealed with nail polish in order to allow the protein sample to experience an increase in relative supersaturation over time. The plates were incubated in a cold room (~8-10 °C), and crystallization was monitored manually under a light microscope. The best crystals were grown in 3.8 M ammonium sulfate and 100 mM sodium acetate at a pH of 5.5. Crystals were trigonal prismatic in shape and grew to their full size (~100 × 100 × 50 µm 3 ) in 7 d (supplementary Fig. 1f ). Crystals grew in space group R32 (a minimum of 120° of data required for a complete anomalous data set). For details about crystals and crystallization information, please refer to supplementary table 1.
Holder selection. To perform data collection under cryogenic conditions and to use the holder without modifications to the goniometer, a tweezer holder was chosen (Fig. 3a) .
addition of a cryoprotectant. Opsin crystals require the addition of a cryoprotectant for proper data collection under cryogenic conditions. In situ crystallization plates containing opsin crystals were opened, and one glass plate was removed to expose the inner film sandwich. Using a pair of scissors, for each L-shaped crystallization well, a 4-well patch of the film sandwich was isolated from the rest of the film sandwich. Using a finger, the solution from well C was pushed into well B (Fig. 13c) , in which it easily dissolved the dried trehalose (Fig. 13d) . The trehalose-containing mixture was then gently pushed to well A (final trehalose concentration: ~12% (wt/vol); Fig. 13e ). There were several reasons for the relatively big final volume in well A (Fig. 13f) : (i) it guaranteed that salt crystals did not form quickly, (ii) it prevented crystals from drying out during the loading step, and (iii) it ensured that there was enough volume available to be sucked up by the spacer tape surrounding well A (which ultimately happens when moving solutions between wells). loading of wells and mounting of holders. Individual wells containing crystals were isolated (Fig. 13g) , loaded to a tweezer holder (Fig. 13h,i) , and flash-frozen in LN2. Holders were stored in Unipucks, shipped to the synchrotron, and mounted automatically onto the goniometer.
X-ray data collection under cryogenic conditions. Crystallographic data were collected at APS (beamline 23-ID-D) using a 20-µm collimated minibeam at a wavelength of 1.033 Å and a Pilatus detector. Crystal parameters were determined using a 5× attenuated beam while optimizing the data-collection strategy. Each crystal was used once for data collection, and then a fresh crystal was located. Several truncated data sets of ~60° per crystal were collected on the best-quality crystals at 1 s of exposure time and 0.5° of oscillation per frame with an unattenuated beam.
Data processing. Data sets from the initial 60 frames of the three best-diffracting crystals were integrated, scaled, and merged using AIMLESS 59 , as implemented in the SBGrid suite 52 , to obtain a 3.20-Å resolution data set.
structure determination and refinement. The previously obtained opsin structure (PDB ID 4J4Q, Park et al. 60 ) was used as an initial model for molecular replacement and refinement 53 . Coot 54 and Phenix 55 were iteratively used to rebuild the structure until convergence. Most of the elongated electron density tubes near the protein hydrophobic surface were modeled as noctyl-β-d-glucoside (OG) molecules. Data processing and refinement statistics are given in supplementary table 2. The electron density maps revealed the presence of several sugar molecules and one OG molecule bound to the ligand-binding pocket within the helix bundle (Fig. 12e) . Coordinates and structure factors have been deposited in the PDB under PDB ID 5WKT.
